
 

Guidelines for Survival Surgery in Rodents

Purpose: These guidelines have been developed to provide minimum standards for experimental procedures involving survival surgery in rodents, and assure that all LBNL procedures involving experimental animals are in compliance with Animal Welfare Regulations and follow standards described in the Guide for Care and Use of Laboratory Animals. It is the responsibility of the investigator to ensure use of techniques and procedures which result in the least pain and distress to the animal, while adequately addressing the needs of the experimental design. All procedures involving survival surgery must be reviewed and approved by the AWRC prior to their implementation and a complete description of the surgical procedures Exceptions to these guidelines are possible if justified for the experiment and reviewed and approved by the AWRC. 

Training: It is the responsibility of the investigator to assure that all individuals performing unsupervised surgical procedures are adequately trained to do so. Competency for unsupervised performance of all surgical procedures must be certified by the attending veterinarian or designee.

1. FACILITY:  Rodent surgery may be performed on the bench-tops in procedure bubbles in Building 86 and 977 animal facilities only.  The work surface should be wiped with disinfectant before and after use and covered with a clean or sterile drape.  Placement of a sterile drape provides an area on which sterile instruments and supplies may be placed.(i.e. sterile paper towels)

2. PRE-OPERATIVE CARE
a. [bookmark: _GoBack]Instruments: Surgical instruments that enter the body must be sterilized using heat or chemical methods  (See Table 2 below) When performing survival surgeries on multiple animals within a related group, the surgical instruments must be sterilized prior to use and disinfected and maintained sterile between animals.  One set of sterile instruments may be used a maximum of 5 times if aseptic technique is maintained. After using a set of instruments, remove all organic material and disinfect instruments (e.g. alcohol or other disinfectant).  Disinfectant must be rinsed off instruments with sterile water or sterile saline before use.  The disinfectant should be replaced when contaminated with blood or other body fluids.  A glass bead may be used, but is not advised due to 1) risk of burn to animal and surgeon 2) dulling of surgical instruments and 3) risk of damage to equipment such as heating pads.  If a flame or any source of sparks, such as electric cautery, are to be used then a nonflammable disinfectant should be used. Sterile gloves should be changed between animals.
b. Surgeon: The surgeon must wear clean laboratory garments.  The sleeves of the garment must not be allowed to come into contact with sterile surfaces.  Hands should be washed with an antiseptic surgical scrub preparation and sterile surgical gloves and a face mask must be worn. 
c. Preparation of the animal: Hair should be removed from the surgical site (shave or pluck fur) and the skin should be cleansed with disinfectants (see Table 1 below).  Sterile surgical drapes are recommended.  Drapes should be secured so as to remain in place over the animal, yet allow for monitoring of the anesthetic depth of the animal.  Sterile paper, cloth, or clear plastic adhesive drapes may be used. All animals must be weighed prior to surgery, and the pre-surgical weight recorded.

3. INTRA-OPERATIVE CARE/MONITORING: The animal must be monitored carefully during the surgical procedure.  Surgeons should pay close attention to the animal's respiratory rate and character, and response to noxious stimuli (e.g., tail pinch).  Monitoring of respiratory rate and character is facilitated by the use of transparent drapes.  Although resting heart rate for rodents is rapid (typically more than 300 beats per minute), heart beat should be checked periodically for significant changes in rate or rhythm.  Heartbeat can be palpated through a sterile drape by the surgeon, or underneath the drape by a second person who is not performing sterile procedures.    The surgical team should know the correct initial responses to the most common emergencies associated with the type of procedure they are performing. For procedures lasting longer than five minutes the animal should be placed on a safe, supplemental heat source (circulating warm water blanket) in order to prevent hypothermia. Electric pad and lamp heat sources should only be used if they are thermostatically controlled.

4. POST-OPERATIVE CARE/MONITORING: Postsurgical care must include observing the animal to ensure uneventful recovery from anesthesia and surgery; administering analgesics as specified in the AUP and/or as requested by the veterinarian; providing adequate care to surgical incisions and maintaining appropriate medical records.  Records maintained by the laboratory should indicate the type of surgery performed, the date of the procedure, the person who performed the procedure, and the anesthetics and analgesics (frequency and doses) used during and after surgery. This record must be available in the animal room to veterinary staff, and may be kept on a post-operative cage-card, note-book or log. Avoid  scheduling surgeries on Fridays unless research staff will be available to come during the weekend to assess the animal.

a. Immediate post-operative care: Hypothermia should be prevented by placing the animals in a warm room or cage.  If necessary, the cage may be placed on a bedded or padded surface and supplied with extra bedding or supplemental heat as required.  Be cautious with supplemental heat sources; they can cause thermal burns and hyperthermia if used inappropriately.  Dehydration can be ameliorated by the administration of appropriate fluid therapy.  Initially this may be done by giving 1 to 2 ml of warm (approximately 37oC) fluids (0.9% NaCl or equivalent) per 100 gm of body weight by subcutaneous injection. If blood loss occurred during the surgical procedure or if the animal is slow to recover from anesthetic, additional fluids may be necessary.  The animal should be kept in the surgical area and checked every 15 minutes until recovered (the animal is able to maintain sternal recumbency). It should be rotated from side to side every 15-30 minutes to minimize hypostatic congestion of the lungs.  To prevent cannibalism or suffocation, rodents should be monitored continuously or housed individually until they are ambulatory. Once the animal is recovered it must be returned to standard housing. For animals with major surgeries, a palatable food such as a small apple slice should be placed in the cage, consumption of this highly palatable food is a very useful way to assess recovery the next day.
b. Daily post-operative care: Post-surgical animals must be assessed every day by a member of the investigator's staff until the animal has fully recovered from the surgery. The animal must be assessed to determine well-being (pain) following surgery; criteria include activity, appetite, posture etc. Animals with complex surgeries as (e.g. large incision size compromising movement, surgical penetration of any body cavity, surgeries with potential for paresis/paralysis or use of stereotactic head-holder) must be weighed daily, until full-recovery is determined, and then at least weekly thereafter. The weights must be compared to the pre-surgical weights; the veterinarian must be contacted if the animals are losing weight, and animals must be euthanized if weight loss exceeds 15% body weight (or in growing mice, 15% deviation from standard curve or age matched controls), unless otherwise approved in the AUP, or authorized by the LBNL veterinarian. The weights must be recorded on the surgical record cage card/log. The length of time required for daily observations depends on the type and quality of surgical procedure, however, all surgeries, even minor (e.g. embryo transfer),  must be checked the day following surgery, and this must be recorded on the post-surgical cage-card. Sutures and wound clips generally should be removed 7-14 days after surgery.  In the event that infections or complication occur, the veterinarian must be notified.  The veterinarian will assist the research team to review the entire surgical procedure (facility, preparation of the animal and instruments, expertise of the surgeon, and postsurgical care).

This appendix includes definitions, tables of information, and references as a resource for investigators.

DEFINITIONS:

ASEPTIC SURGICAL PROCEDURES:    Surgery performed using procedures that limit microbial contamination so that significant infection or suppuration does not occur.

STERILIZATION:  The process whereby all viable microorganisms are eliminated or destroyed.  The criterion of sterilization is the failure of organisms to grow if a growth supporting medium is supplied.

DISINFECTION:     The chemical or physical process that involves the destruction of pathogenic organisms.  All disinfectants are effective against vegetative forms of organisms, but not necessarily spores.

Table 1.  SKIN DISINFECTANTS
Alternating disinfectants is more effective than using a single agent.  For example, an iodophor scrub can be alternated three
times with 70% alcohol, followed by a final soaking with a disinfectant solution.  Alcohol, by itself, is not an adequate skin disinfectant. The evaporation of alcohol can induce hypothermia in small animals.

	
AGENTTT
	
EXAMPLES *
	
COMMENTS

	
Iodophors
	
Betadine®, Prepodyne®, Wescodyne®
	
Reduced activity in presence of organic matter. Wide range of microbicidal action. Works best in pH 6-7.

	
Cholorhexidine
	
Nolvasan®, Hibiclens®
	
Presence of blood does not interfere with activity. Rapidly bactericidal and persistent. Effective against many viruses. Excellent for use on skin.




Table 2. RECOMMENDED INSTRUMENT STERILANTS

Always follow manufacturer's instructions for dilution, exposure times and expiration periods.

	
AGENT
	EXAMPLES *
	
COMMENTS

	
Steam sterilization (moist heat)
	
Autoclave
	
Effectiveness dependent upon temperature, pressure and time (e.g., 121oC for 15 min. vs 131oC for 3 min).

	
Dry Heat
	
Hot Bead Sterilizer
Dry Chamber
	
Fast. Instruments must be cooled before contacting tissue.
Only tips of instruments are sterilized with hot beads.

	
Gas sterilization
	
Ethylene Oxide
	
Requires 30% or greater relative humidity for effectiveness against spores. Gas is irritating to tissue; all materials require safe airing time.

	
Chlorine
	
Chlorine Dioxide
	Corrosive to instruments.  Instruments must be rinsed with
sterile saline or sterile water before use.

	
Glutaraldehydes
	
Glutaraldehyde
(Cidex®, Cetylcide®, Metricide®)
	
Several hours required for sterilization. Corrosive and irritating. Instruments must be rinsed with sterile saline or sterile water before use.

	
Hydrogen peroxide-acetic acid
	
Actril®, Spor-Klenz®
	
Several hours required for sterilization. Corrosive and irritating. Instruments must be rinsed with sterile saline or sterile water before use.
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Table 3. RECOMMENDED INSTRUMENT DISINFECTANTS

Always follow manufacturer's instructions for dilution, exposure times and expiration periods.

	
AGENT
	
EXAMPLES *
	
COMMENTS

	
Alcohols
	
70% ethyl alcohol
85% isopropyl alcohol
	
Contact time required is 15 minutes. Contaminated surfaces take longer to disinfect. Remove gross contamination before using. Inexpensive.

	
Chlorine
	
Sodium hypochlorite (Clorox ® 10% solution) Chlorine dioxide (Clidox®, Alcide®)
	
Corrosive. Presence of organic matter reduces activity. Chlorine dioxide must be fresh. Kills vegetative organisms within 3 min. Corrosive to instruments. Instruments must be rinsed with sterile saline or sterile water before use.

	
Chlorhexidine
	
Nolvasan® , Hibiclens®
	Presence of blood does not interfere with activity. Rapidly bactericidal and persistent. Effective against many viruses. Instruments must be rinsed with sterile saline or sterile water before use.


* The use of common brand names as examples does not indicate a product endorsement.


Table 4. WOUND CLOSURE SELECTION

		

	
CHARACTERISTICS AND FREQUENT USES

	
Polyglactin 910 (Vicryl®), Polyglycolic acid (Dexon®)
	
Absorbable; 60-90 days. Ligate or suture tissues where an absorbable suture is desirable.

	
Polydiaxanone (PDS®) or, Polyglyconate (Maxon®)
	
Absorbable; 6 months. Ligate or suture tissues especially where an absorbable suture and extended wound support is desirable

	
Polypropylene (Prolene®)
	
Nonabsorbable. Inert.

	Nylon (Ethilon)
	
Nonabsorbable. Inert. General closure.

	
Silk
	
Nonabsorbable. (Caution: Tissue reactive and may wick microorganisms into the wound, so silk is not recommended for skin closure).
Excellent handling. Preferred for cardiovascular procedures.

	
Chromic Gut
	Absorbable. Versatile material.

	
Stainless Steel Suture/Wound
Clips/Wound Staples
	
Nonabsorbable. Requires instrument for removal.

	
Cyanoacrylate
(Vetbond®, Nexaband®, Tissue
Mend®)
	
Skin glue. For non-tension bearing wounds.



* The use of common brand names as examples does not indicate a product endorsement.

Suture gauge selection: Use the smallest gauge suture material that will perform adequately.
Cutting and reverse cutting needles: Provide edges that will cut through dense, difficult to penetrate tissue, such as skin. Non-cutting, taper point or round needles: Have no edges to cut through tissue; used primarily for suturing easily torn tissues such as peritoneum or intestine.



